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ABSTRACT

Hemp field retting is a bioprocess that facilitates fibre extraction by degrading pectin and other matrix components surround-
ing fibre bundles. However, traditional methods rely on empirical practices, often resulting in inconsistent fibre quality. This

study investigates the biodiversity—function relationship in the hemp retting ecosystem to identify microbial and enzymatic

indicators for improved process control. Over six weeks of field retting, we monitored bacterial and fungal community dynamics

using high-throughput sequencing and assessed enzymatic activity profiles. Our results revealed a sequential enzymatic pattern:

pectinases (e.g., polygalacturonase) dominated early stages, followed by hemicellulases (f-xylosidase, 3-galactosidase), and later

cellulases. These enzymatic shifts were reflected in the changes in microbial community composition, with pectinolytic bacteria
(e.g., Proteobacteria) dominating the initial phases and cellulolytic fungi (e.g., Ascomycota) becoming more prevalent later. Our
results identified specific microbial taxa correlated with optimal retting, suggesting their potential as bioindicators for monitor-

ing retting. Specifically, key bacterial genera such as Pseudomonas and Sphingomonas, and fungal genera like Cladosporium,

were associated with distinct enzymatic profiles. Our findings offer new insights into the microbial ecology of retting, providing

both microbial and enzymatic indicators that could inform the development of monitoring strategies for process control, ulti-

mately contributing to more consistent hemp fibre production.

1 | Introduction

Lignocellulosic biomass, which is the most abundant source
of organic matter on Earth (Okolie et al. 2021), has a complex
structure and is composed mainly of three polymers (cellulose,
hemicelluloses, and lignin). In the context of the transition to
a low-carbon world, materials such as plant fibres (hemp, flax,
kenaf, etc.), which are renewable sources of lignocellulosic bio-
mass, are of growing interest (Ten and Vermerris 2013; Rehman
et al. 2021). Compared to non-renewable fibres, that is, glass

fibres, plant fibres are moreover interesting for their lower cost
and lower density, while still exhibiting challenging specific
mechanical properties (properties scaled to density) (Bourmaud
et al. 2020; Speight 2020).

Among lignocellulosic plants, hemp plants have recently been
attracting ever-increasing interest worldwide for different rea-
sons. Firstly, climate change (especially drought) strongly im-
pacts flax cultivation and can lead to reduced yields and poor
fibre quality (Beauvais et al. 2022; Le Duigou et al. 2011). On the
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opposite, hemp could resist various climatic conditions and does
not necessitate crop rotation or the use of pesticides compared to
flax (Amaducci et al. 2015).

For efficient extraction of hemp fibres from stems without al-
tering their ultimate properties, a prior bioprocess called retting
must be carried out (Mazian et al. 2020; Réquilé et al. 2021;
Zimniewska 2022). This retting process aims to facilitate the
subsequent mechanical extraction of plant fibres from the
plant stems by ensuring their decohesion (Placet et al. 2017).
Currently, field retting is the most prevalent method used in
Europe, mainly due to its cost-effectiveness, ease of implemen-
tation, and environmental sustainability. Although other types
of retting exist, such as water, chemical, and enzymatic ret-
ting, field retting (dew-retting) is preferred over these methods
(Sisti et al. 2018). The field retting process is carried out by the
farmers in an empirical way and is largely based on their expe-
rience. This biological process consists of laying out the plant
stems on the ground and exposing them to local environmental
conditions for a few weeks after harvesting. During retting, the
decohesion of the fibres is realised as a result of the secretion
of enzymes by the microorganisms colonising the stems and
those present in the soil (Bleuze et al. 2018). Enzymatic activ-
ities ensure the degradation of the parenchyma cells surround-
ing the fibre bundles, leading to their decohesion from the other
components of the stem (Miissig 2010). The main challenge of
retting is to facilitate the separation of fibres by dissolving the
binding agents between them while preventing excessive ret-
ting that may damage the cellulosic fibres (Richely et al. 2022).
Several studies have focused on the analysis of the physico-
chemical, biochemical, and mechanical properties of fibres at
the macroscopic level during retting (Placet et al. 2017; Mazian
et al. 2019, 2020; Lee et al. 2020). Studies on the microscopic
level, particularly concerning the microbial communities in-
volved in the process, are limited. Until now, the microbiolog-
ical and biochemical mechanisms underlying the field retting
of hemp are still poorly documented. A better understanding of
the main actors of retting, which are the microbial communities,
is then essential for more effective management of this process.
The temporal dynamics of the microflora, including enzymatic
activities and colonisation dynamics, have only recently been
investigated (Ribeiro et al. 2015; Law et al. 2020). While retting
offers numerous environmental benefits, the growing industrial
application of hemp-based products raises concerns about the
potential environmental risks posed by nanomaterials derived
from fibres (Enarevba and Haapala 2024). As these materials
are scaled for industrial use, there is a need to address the risks
of nanoparticle release into the environment. Nanotoxicity is be-
coming an emerging concern due to the potential for nanoparti-
cles to interact with the environment and human health (Kumah
et al. 2023). Thus, a deeper understanding of microbial mecha-
nisms during retting could provide insights into the potential
nanomaterials production from fibres.

The study of retting in other fibre plants has benefited from
the application of new meta-omics approaches based on high-
throughput sequencing techniques. Only three studies used
high-throughput sequencing technologies (Ion Torrent PGM
system for bacterial domain) to analyse kenaf retting (Visi
et al. 2013), water retting of flax (Zhao et al. 2016), and recently,
bacterial and fungal domains on field retting of flax (Illumina

MiSeq) (Djemiel et al. 2017), and the bacterial community of
kenaf water retting (Illumina MiSeq) (Xu et al. 2022). Most
other studies provided only a partial characterisation of the
retting microbiota by using both cultured approaches (morpho-
logical, metabolic, and physiological characteristics) and pheno-
typic classifications (Brauman et al. 1996; Moawad et al. 2019;
Datta et al. 2020). Ribeiro et al. (2015) conducted research on
the microbiology of hemp field retting using sequence analysis
of randomly cloned 16S and 18S ribosomal RNA (rRNA) genes.
However, this method has limitations in detecting the total mi-
crobial communities (Sahoo et al. 2017). Law et al. (2020) fo-
cused solely on the bacterial community of controlled hemp
retting using thel6S rRNA gene amplicon sequencing (Illumina
MiSeq platform).

This study uses high-throughput sequencing to comprehensively
characterise the bacterial and fungal communities involved in
the hemp retting process. This approach offers a deeper under-
standing of microbial diversity and enzymatic potential com-
pared to previous studies relying on partial characterisation or
cultured techniques.

This study addresses three main objectives: (1) to characterise
temporal dynamics of bacterial and fungal communities during
hemp field retting using high-throughput sequencing; (2) to
evaluate key enzymatic activities associated with progressive
degradation of plant cell wall components; and (3) to identify
specific microbial taxa and functional indicators predictive of
optimal fibre separation efficiency.

2 | Experimental Procedures
2.1 | Hemp Retting

2.1.1 | Inthe Field

Hemp plants (Cannabis sativa L., Cultivar Futura 75) were sown
at a rate of 40kg/ha on April 15, 2021, in the south of France in
the Drome Chanvre association (http://www.dromechanvre.fr/)
(Mirabel et Blacons, France, 44°42’35"” N, 5°05'29” E). The hemp
plants were harvested at the end of flowering (September 2, 2021)
using a sectional mower adapted to this crop. After harvest, hemp
plants were transported to another field in the south of France
named Mas de La Valus (Le Bouquet, France, 44°09'52" N,
4°16’56" E) for easy logistics (close to the laboratory) and retted in
this field (Figure S1) (Bou Orm et al. 2024a).

Hemp plants were retted from September 3, 2021, until October
17,2021. The swaths were defined according to a non-systematic
W pattern shown in Figure S2. Five swaths (250 stems/swath)
were retted according to the weather conditions. Hemp stems
were turned regularly (once a week) to homogenise the retting
of the stems (Djemiel et al. 2017).

2.1.2 | InaRetting Pilot Unit
The retting process was carried out at the laboratory by using a

pilot unit containing the soil from the cultivation plot (Mirabel
et Blacons, France). The plants were grown and retted on typical
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clayey gravelly soil with a slightly basic pH (8.1 at Mirabel et
Blacons and 8.4 at Mas de la Valus). The polypropylene-made
pilot unit measures 1m in length, 1m in width, and 25cm in
height. It is filled with gravel/pozzolan (10 cm high) and contains
15cm of soil recovered directly from the hemp field (Figure S3).
A swath of 250 stems of Futura 75 was placed in the pilot unit,
and the stems were turned once a week.

2.2 | Sample Collection

Throughout the study, samples of stems and soil were collected
weekly from five swaths in the field and the pilot unit at regu-
lar intervals (Figure S4). The collected samples (20 stems/week)
included unretted stems (RO), retted stems for 1 (R1), 2 (R2),
3 (R3), 4 (R4), and over-retted stems for 6 (R6) weeks, respec-
tively. Soil samples were also collected weekly from both the
field and the pilot unit retting. However, in this study, only soil
samples obtained at RO, R2, and R4 from the field, and RO and
R2 from the pilot unit, were considered. It has been exhibited
(Djemiel et al. 2017) that the microbial composition of soil re-
mains slightly constant during retting. Stem samples were im-
mediately stored at —80°C, while soil samples were collected ata
depth of 20 cm, sieved (with a pore size less than 1.0 mm), freeze-
dried, and stored at —80°C for further analysis.

2.3 | DNA Extraction and Purification

The DNA extraction procedure followed the Genosol platform
protocol (INRAe, Dijon, France) with an internal reference of
G.MO0-026.6 from 2020 (Lelievre 2020; Bou Orm et al. 2023,
2024a). To perform cell lysis, each sample (1 g of soil and 2 g of
stem) was shaken in the FastPrepR-24 in 15mL Falcon tubes
with 2g of ceramic, silica, and glass beads and 5mL of lysis
buffer containing EDTA (100 mM, pH38), Tris (100mM, pH ),
NaCl (100mM) and SDS (2%). The samples were incubated at
70°C with agitation at 300 rpm for 30 min to perform mechan-
ical and chemical lysis. After incubation, the samples were
centrifuged at 7000 g for 5min, and 1 mL of the lysate was col-
lected. To remove proteins, 100 uL of potassium acetate (3 M,
pH 5.5) was added to the lysate, and the supernatant was col-
lected after centrifugation at 14,000 g for 5min. To precipitate
the DNA, 900 1L of isopropanol (—20°C) was added to the sam-
ples, which were then incubated at —20°C for 1h (for soil) or
30min (for stems). After centrifugation at 16,200 g for 30 min,
the supernatant was removed. The DNA pellet was washed
with 400uL of 70% ethanol (—20°C), centrifuged (16,200g,
2min), and dried at 60°C for 10-15min. The crude DNA pellet
was resuspended in 200 pL of ultrapure water after 4h of stor-
age at 4°C and stored at —20°C.

The DNA was extracted from stems (3 replicates or swaths per
week, and 1 replicate per week of field and pilot-unit retting re-
spectively) and soil (3 replicates or swaths per week and 1 repli-
cate per week of field and pilot-unit retting respectively). These
extracted DNA samples are then purified using the Nucleospin
Soil Kit (Macherey Nagel, Diiren, Germany) in two steps. The
first step involves molecular sieving on a NucleoSpin Inhibitor
Removal Column, and the second step involves DNA binding
to a silica membrane using a NucleoSpin Soil Column. The

purification is carried out in accordance with the manufactur-
er's guidelines. Following purification, a total volume of 80 uL
of DNA is obtained, which is used as a template for further
analyses.

2.4 | DNA Quantification

The quantity of extracted DNA was initially determined by
Nanodrop technology, by using 1.5uL of extracted DNA and
measuring absorbance at 260nm. The extracted DNA was
then further quantified with greater accuracy by measuring
absorbance at 535nm following PicoGreen staining using the
Quant-iT PicoGreen dsDNA Assay kit (Thermo Fisher, Bleiswijk,
Netherlands) (Bou Orm et al. 2023). This accurate quantifica-
tion was used to assess the abundance of bacterial and fungal
communities through qPCR (quantitative polymerase chain re-
action) and for taxonomic composition (Bou Orm et al. 2024a).

The purity of DNA samples was assessed using a NanoDrop
spectrophotometer (ThermoScientific, Wilmington, USA) by
measuring the absorbance of 1.5 uL of DNA at 280 and 230 nm.
The ratios of the 260/280nm and 260/230 nm values were cal-
culated to determine the purity. The absorbance at 280 nm
primarily represented protein contamination, while the ab-
sorbance at 230nm was indicative of the presence of organic
compounds, proteins, or chaotropic substances (Bou Orm
et al. 2024a).

2.5 | High-Throughput Sequencing

Multiplex sequencing was carried out with Illumina Mi-Seq
2% 250 bp technology on the GeT-Biopuces platform (Toulouse
Biotechnology Institute, INSA, Toulouse, France) (http://get.
genotoul.fr/). The PCR amplifications of the V3-V4 region of
the 16S rRNA gene (for bacteria) and the V5 region of the 18S
rRNA gene (for fungi) were performed (Table S1). The first step
was the amplification (PCR1) of the region of interest using fu-
sion primers containing half the sequence of Illumina adapters
and the specific sequence of the interest region. After the bead's
purification, the quality (length, quantity) was checked using
the DNA 12,000 assay (Agilent 2100 Bioanalyzer, Santa Clara,
CA, USA) and nanodrop ND-8000 (Thermofisher, Wilmington,
USA). Magnetic beads were used in sequencing to isolate and
purify DNA by removing residues. The addition of the complete
Ilumina adapters (P5/P7) and the barcoding (6 bp unique on the
P7 adapter) of each sample were made by PCR (PCR2). After
beads purification and quality control as after PCR1, the same
quantity of each sample was pooled and loaded onto the Illumina
MiSeq cartridge (MiSeq Reagent Kit v3 (600 cycles), California,
USA) according to the manufacturer's instructions. The qual-
ity of the run was checked internally using PhiX (PhiX Control
v3, California, USA), and then, each pair-end sequence was as-
signed to its sample with the help of the previously integrated
index. The PhiX internal control is a quality DNA commonly
used in sequencing analysis to ensure that the data produced is
of high quality and unbiased.

Microbial data sets supporting the results in this article are
available at NCBI with accession number PRINA973023.
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2.6 | Sequence Analysis

The analysis of targeted metagenomic data was performed using
the R package rTANOMALY (Theil and Rifa 2021). For each
marker (16S V3V4 and 18S V5), the bioinformatic workflow began
by processing the raw data (fastq files) and applying filters on se-
quences missing exact primers and low-quality sequences. The
rANOMALY workflow generates a raw abundance table of se-
quence variants using the denoising method from the DADA2
package (Callahan et al. 2016). Chimeric amplicon sequence vari-
ants (ASV) are filtered out before downstream analysis. Then,
taxonomic assignment is carried out for each sequence variant
using the IDTAXA algorithm (Murali et al. 2018) against GTDB
(Parks et al. 2022) and SILVA 138 databases (Quast et al. 2013).
Abundance table, taxonomy table, representative sequences, and
samples metadata were aggregated into a phyloseq object for statis-
tical analysis (McMurdie and Holmes 2013). Various functions of
rANOMALY and Explore Metabar 2.0.1 (https://explore-metabar.
sk8.inrae.fr/) (Rifa and Theil 2010) were then utilised for statistical
analyses, including alpha and beta diversity analyses and visuali-
sation of the microbial community.

Alpha diversity was evaluated using non-parametric estimators
such as the Chaol index and Pielou’s evenness index. Microbial
diversity was estimated using Shannon's and inverse Simpson's
indexes.

Alpha diversity determines the microbial community's spe-
cific richness in each sample. The specific richness represents
the number of ASV (Amplicon Sequence Variant) present in
each sample. Chaol value provides an estimate of the total
species richness in the sample, including unobserved species
(O'Hara 2005; Eren et al. 2012). The Shannon index (H’) con-
siders both the richness and relative abundance of each ASV
to assess the degree of microbial community equilibrium. For
an equal number of ASV, a balanced community has a higher
Shannon index than a community characterised by a few domi-
nant taxa compared to the rest of the community. The Shannon
index is calculated using the following Equation (1):

H' = - ) (pix In(pi) 6))

with, p; representing the proportion of individuals belonging to
the i-th species (p; = %, where n;, is the population size of species

i and N is the total number of individuals in the community).

Since the Shannon index depends on both the relative abun-
dance and the number of ASV, it is usually supplemented by the
Pielou index. The Pielou index measures equitability in addition
to species diversity because it measures both species richness
and evenness. Pielou index is calculated using the Equation (2):

! !

- _H _H 2)
Hmax InS

with H' corresponding to the observed diversity, Hmax is the
maximum theoretical diversity and S is the total number of spe-
cies present. The Pielou index varies between 0 and 1. When spe-
cies have identical abundances, the Pielou index value is close
to 1, and it is minimal when one species dominates the entire

population. Maximum diversity is achieved when species have
an equitable distribution (Marcon 2010).

The Shannon index gives the same importance to all individu-
als. However, the inverse Simpson index gives less importance
to rare species (Simpson 1949; Schlaepfer and Biitler 2002;
Marcon 2010).

Beta diversity, reflecting variations in microbial composition
and membership across samples, was analysed using a Bray-
Curtis distance matrix. Non-Metric Multidimensional Scaling
(NMDS) and Principal Coordinate Analysis (PCoA) based on
the Bray-Curtis index were used to visualise the similarities and
dissimilarities between samples.

To assess the statistical significance of dissimilarities in the mi-
crobial community structure among multiple samples, in the
NMDS analysis, a PERMANOVA with Adonis function from
the vegan package (permutation-based multivariable analysis of
variance) is performed. The test is carried out on the distance
matrix between the samples calculated from the ASV nor-
malised abundance table (Total Sum Scaling).

The PICRUSt2 (https://github.com/picrust/picrust2) pipe-
line (Douglas et al. 2020) was used to predict the functional
composition of bacterial enzymatic activity abundance using
16S rDNA datasets. The raw ASV abundance table from the
rANOMALY workflow and the ASV representative sequences
were used in the PICRUSt2 metagenome pipeline function.
This workflow reassigns ASV by using a reference tree and
multiple sequence alignment. The NSTI (Nearest Sequenced
Taxon Index) was calculated, and sequences with NSTI values
above two have been excluded. The enzyme abundance results
from the multiplication of the 16S copy number normalised
ASV abundance and the predicted gene copy number per ASV.
The inferred raw abundance of enzymes (EC numbers table)
was transformed into relative abundance with TSS normalisa-
tion (Total Sum Scaling) for comparison between conditions.

2.7 | Enzymatic Activities

Stem samples from four retting stages (R0, R1, R4, and R6) have
been analysed. The analysed enzymes were peroxidase, phe-
noloxidase, 3-D-galactosidase, 3-D-glucosidase, 3-D-xylosidase,
cellobiohydrolase, and polygalacturonase. These enzymes were
selected based on literal data, which are found to be most re-
sponsible for wood decomposition, and the measurement of
enzymatic activities followed the protocols adapted and modi-
fied from previous studies (Bell et al. 2013; Sauvadet et al. 2016;
Bleuze et al. 2018; Chabbert et al. 2020; Mukherjee et al. 2024).

After removing the woody xylem part, frozen stems (2g of
fresh weight) were blended in 100mL of 50mM phosphate
buffer for 1 min and filtered with a GF/A filter. This maxi-
mises enzyme dynamics detection by focusing on the area of
our interest. The soluble fraction of the extract from each of
the five biological replicates per retting point was analysed
with five technical repetitions. All the enzyme activities were
determined at 25°C and expressed by nmol/gMS/h, except po-
lygalacturonase (expressed in umol/gMS/h).
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The peroxidase and phenol oxidase enzyme activities were mea-
sured by using 5SmM L-DOPA (L-3,4-dihydroxyphenylalanine)
as described previously (Sauvadet et al. 2016; Chabbert
et al. 2020). Peroxidase enzyme hydrolyses hydrogen peroxide
into water and molecular oxygen, and that reactive oxygen fur-
ther oxidises L-DOPA to D-IQC (3-hyroindole-5,6-quinone-2-c
arboxylate). The absorbance is taken at 460nm to measure the
enzyme activity.

Polygalacturonase activity was quantified by the DNS method
and a galacturonic acid calibration curve, as reported by Bleuze
et al. (2018). Enzyme endo-polygalacturonase (EPG) breaks the
a-1,4-glycosidic bonds in polygalacturonic acid and releases ga-
lacturonic acid monomer units with a free-reducing sugar end
group. They react with DNS and change the colour. The enzyme
(800 L) substrate (200 uL) mixture was added with DNS (500 uL)
after 1h of incubation and treated with a boiling water bath for
15min to finish the reaction. The colour change of the reaction
mixture is proportional to the free galacturonic monomers, that
is, EPG activity. The absorbance change is measured at 540nm
to read the enzyme activity as reported by Chabbert et al. (2020).

Cellobiohydrolase, {3-D-glucosidase, f3-D-xylosidase, and {3-D-
galactosidase activities were measured by measuring the release
of 4AMUB (4-methylumbelliferone) as described by Sauvadet
et al. (2016) and Chabbert et al. (2020). 4MUB acts as a fluoro-
phore. Esters of 4MUB do not fluoresce unless cleaved to release
the fluorophore. The enzymatic hydrolysis of 4MUB-containing
substrate that is, MU-B-D-glucopyranoside releases fluores-
cence which is proportional to the enzyme activity. The reaction
mixture (in 96 deep well plates) was incubated for 3h in the dark
and measured at 460nm using a microplate spectrophotometer
CLARIOstar.

3 | Results
3.1 | Sequencing Quality

Assessing the adequacy of sequencing depth is crucial when
studying microbial communities, and rarefaction curves are a
valuable tool in this regard. Once the data is subsampled, fil-
tered, and preprocessed (Tables S2-S5), rarefaction curves are
constructed to identify the maximum diversity plateau for each
sample (Figure S5).

For bacterial sequences, the number of raw reads averaged
47,980+ 9270 for field stem samples (n=16), 27,177 £2898 for
field soil samples (n=3), 42,964 + 7773 for pilot unit stem sam-
ples (n=5), and between 21,038 and 2646 for pilot unit soil
samples (n=2). These differences in sequencing depth reflect
variations in sample type and microbial load, which may be in-
fluenced by retting conditions.

Fungal sequencing yielded 75,743 £22,289 reads for field stem
samples (n=16), 78,923+9419 for field soil samples (n=3),
81,504 + 16,402 for pilot unit stem samples (n=>5), and between
93,742 and 95,743 for pilot unit soil samples (n=2). The higher
read counts observed in fungal sequences compared to bacterial
sequences suggest that fungal communities may be more abun-
dant during the retting process.

These results confirm that sequencing provides a comprehen-
sive overview of microbial diversity during the retting process.

For the analysis of 18S rDNA sequencing, the percentage of reads
from plants has been computed. To determine the proportions of
plant and fungal material in each sample, the ratio between the
number of raw reads and the number of reads obtained after the
taxonomic assignment was calculated. The results indicate that
plant DNA is poorly amplified for all samples (0.78% +0.95% and
0.41%+0.52% for field and pilot unit stem samples respectively,
and 3.91%+1.58% for field soil samples and between 2.80% and
3.93% for pilot unit soil samples), except for the unretted stem sam-
ple (RO), for which the percentage of plant reads is high (26.91%)
(Table S6).

3.2 | Microbial Community Diversity

Alpha diversity of the microbial community is assessed by cal-
culating species richness (Chaol index), microbial community
equilibrium (Shannon index), species evenness (Pielou index),
and the Inverse Simpson index (Table S8). These indices enable
us to identify the complexity and balance of microbial commu-
nities at different stages of retting.

The results reveal distinct patterns in microbial diversity be-
tween bacterial and fungal communities. It is observed that
bacterial communities exhibit greater diversity than fungal
communities for both field and pilot unit samples (including
stems and soil).

Comparing the soil samples from the two retting conditions (in
the field and the pilot unit), the alpha diversity indicators are
similar, with a slightly higher diversity observed in the field ret-
ting condition (Table S7).

No significant difference is observed in bacterial community di-
versity and fungal community diversity between the different
swaths 1, 3, and 4 of stem samples retted in the field (Table S9).
In addition, according to the Venn diagram (Figure S6), numer-
ous ASV (40% for the bacterial community and 59% for the fun-
gal community) are mutual to the three studied swaths.

No significant difference in the dynamics of bacterial and fun-
gal communities is observed for stem samples retted in the field
(inverse Simpson index) (Table S9).

No significant difference (p-value >0.05) is observed in the
bacterial and fungal community diversity of samples (stem vs.
stem) between field retting and pilot unit retting (Table S10).
Furthermore, the colonisation dynamics of bacterial and fungal
communities are compared between the field and the pilot unit,
and no significant difference is found, as indicated in Table S11.

About beta diversity, the non-metric multidimensional scaling
(NMDS) analysis based on Bray-Curtis similarities (Figure S7)
exhibits distinct groups within the microbial community struc-
ture of stem and soil samples (for both the field and the pilot
unit). The stem samples are closely clustered on the right side
of the graphs, while the soil samples are clustered together on
the left side.
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In return, the presence of two separate clusters in the NMDS
plot could suggest some differences in the fungal community
structure between the soil sampled from the field and the soil
sampled from the pilot unit. It is important to approach these
observations with caution, because of the limited number of soil
samples and, in particular, the difficulty in performing statisti-
cal analyses on these results.

Principal Coordinate Analysis (PCoA) (membership analysis)
based on Bray-Curtis distances (Figure $9,10) confirms the
NMDS analysis.

Similar to the NMDS analysis, the PCoA plot for fungal commu-
nity membership of field and pilot unit soil samples also exhibits
two distinct clusters.

The determination of the common ASVs fraction within both
soils (in the field and the pilot unit) reveals these differences:
37.9% at the beginning of retting (R0) and 30.8% after 2 weeks of
retting (R2) (Figure S8).

No important difference in the community membership of bac-
terial and fungal communities between field and pilot unit stem
samples is observed. It can be noticed that the fungal communi-
ties of the stem samples (field and pilot unit) exhibit more simi-
larity than the bacterial communities. This indicates that retting
conditions may favour consistent microbial colonisation dynam-
ics regardless of environmental differences.

The evolution of PCoA results of stem samples retted in the
field and the pilot unit as a function of retting time is shown in
Figure 1.

The bacterial community analysis (Figure 1A) reveals a similar
trend in stem samples retted in the field (swaths 1, 3, and 4) and
in the pilot unit. A convergence of bacterial community diversity
from different swaths is observed after 3weeks of retting (R3),
indicating a clustering at R4 and R6 (circle in Figure 1A).

No significant difference in the dynamics of the bacterial com-
munities colonising stem samples in the field (Tables S12 and
S13) is noted.

In addition, the colonisation dynamics of bacterial communities
between the field and the pilot unit stem samples exhibit no sig-
nificant difference (Table S14).

A fungal divergence between swaths in terms of beta diversity
is observed after 3weeks of retting (R3). The fungal community
analysis reveals a similar trend in stem samples retted in the
field (swaths 1, 3, and 4) and in the pilot unit (Figure 1B).

However, no significant difference in the dynamics of the fun-
gal communities colonising stem samples retted in the field
(Table S13) is revealed.

The fungal community analysis reveals a similar trend in
stem samples retted in the field (swaths 1, 3, and 4) and in the
pilot unit.

Analysing the bacterial ASVs in common from the stem sam-
ples (in the field and the pilot unit) (Table S15), the percentage
of common ASVs ranges from 46.4% to 57.1%, showing that
nearly half or more of the bacterial species are shared between
the swaths in the field and the one in the pilot unit, demonstrat-
ing an important overlap of the bacterial community of retted
swaths in the field and the pilot unit.

For the fungal communities, a lower fungal diversity compared
to bacterial diversity is observed. However, the percentage of
common ASVs (ranging from 62.7% to 73.4%) is relatively high,
also indicating an important overlap of the fungal community
between stem samples. These results exhibit a significant degree
of microbial community overlap between the two retting con-
ditions for both bacterial and fungal populations, with a slight
trend towards greater similarity in fungal communities.

3.3 | Community Structure
3.3.1 | Bacterial Community Structure

The bacterial community composition at the phyla level for
both stem and soil samples from the field and pilot unit retting
was analysed to reveal patterns of microbial succession during
retting and their possible functional implications (Figure 2). It
should be remembered that the relative abundances of phyla on
the surface of the stems retted in the field were made by per-
forming the average of the 3 swaths (1, 3, and 4). The relative
abundances of bacterial phyla and classes in the three distinct
swaths are also presented (Figure S10).

For hemp stems retted in the field, seven bacterial phyla are
identified with four major phyla (relative abundance >1%):
Proteobacteria, Bacteroidota, Actinobacteriota, and Myxococcota
with a large dominance of Proteobacteria during the 6 weeks of
retting. Theminor phyla(relative abundance < 1%)are Firmicutes,
Bdellovibrionota, and Acidobacteriota. Both the unretted stems
(RO) and the stems retted for 6weeks (R6) exhibit analogous
profiles regardless of the retting conditions. Nevertheless, a de-
crease of Proteobacteria relative abundance from 93.1% at RO
to 72.9% +10.9% at R6 and an increase in Bacteroidota relative
abundance from 1.1% at RO to 23.3% +11.5% at R6 are observed.
This shift suggests a microbial turnover possibly linked to shifts
in nutrient availability induced by plant tissue degradation.
Such a shift may indicate the involvement of Bacteroidota in
later stages of lignocellulosic material decomposition.

The phyla profiles obtained from stems retted within the pilot
unit are similar to those mentioned above, with a large domi-
nance of Proteobacteria and a great increase of relative abun-
dance values of Bacteroidota at the end of the retting process.
Although Proteobacteria has the highest prevalence during ret-
ting, the relative abundance values of Proteobacteria decrease to
close to 60% at R6 while Bacteroidota increases to around 36%
at R6. Moreover, Actinobacteriota relative abundance values re-
main stable around 1%-3% during retting, and a transient occur-
rence of Firmicutes (1.4%-2.8%) is observed during the retting
process (R3).
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stem and soil samples.

Together, these results point to a reproducible community shift
across retting environments and emphasise the central role of
Bacteroidota in the decomposition process during the late stages
of retting.

For soil samples, a greater variety of phyla compared to the stem
samples is observed. This higher diversity reflects the complex
microbial ecosystem in soil, which likely serves as a reservoir
for microbial colonisation during retting. However, the changes
in bacterial composition observed from the soil samples during
retting are less pronounced than those in the stem samples.

For field soil samples, 10 phyla are identified, with Proteobacteria,
Bacteroidota, Actinobacteriota, Acidobacteriota, Myxococcota,

-0.2

0.2 0.4

Non-metric multidimensional scaling (NMDS) of bacterial (16S) (A) and fungal (18S) (B) community structure for field and pilot unit

Firmicutes, and Gemmatimonadota as major phyla (with rela-
tive abundance values greater than 1%). During retting, similar
relative abundance values are observed for the dominant phyla.
Proteobacteria, Bacteroidota, Actinobacteriota, and Firmicutes
exhibit slight variations from 46.0% (RO) to 55.5% after 4 weeks
of retting (R4), 10.5% (RO) to 17.8% (R4), 29.1% (RO) to 16.5% (R4)
and 2.8% (RO) to 1.4% (R4) respectively.

Acidobacteriota, Myxococcota, and Gemmatimonadota re-
main stable during retting at approximately 5%, 3%, and 2%,
respectively. Relative abundance values of Desulfobacterota-B,
Entotheonellaeota, and Nitrospirota phyla are inferior to 1%. The
relative abundances of phyla after 2weeks of retting (R2) are
comparable to those at 4weeks of retting (R4).

7 of 24



1.25

1A

1.00

| R1
0.75

0.50

0.25
1 R1

oo0+—9

(g\]
O 4
&~0.25

-0.50

-0.75
. 0
-1.00
] R1

-1.25

-1.50 — T T T 1
-1.50  -1.25 -1.00 -0.75

-0.50

-0.25
PC1

0.00 025 050 075 1.00

1.00

0.75

0.50 R2
AL

0.25

-0.75

-1.00

-1.25

-1.50 T T T T T T

RO
a

Swath1
Swath3
Swath4
Swath pu

OE N NE

-1.00 -0.75 -0.50 -0.25

FIGURE2 |

0.25 0.50 0.75 1.00 1.25

PC1

Principal coordinates analysis (PCoA) of bacterial (16S) (A) and fungal (18S) (B) community structure for the field (swaths 1, 3, and
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For samples from the soil used for hemp culture (pilot unit), the
profile observed at RO is quite similar to the profile obtained from
field soil samples with 10 major phyla, including Proteobacteria,
Bacteroidota, Actinobacteriota, Acidobacteriota, Myxococcota,
Firmicutes, Gemmatimonadota, and Nitrospirota, and two minor
phyla, Desulfobacterota-B and Entotheonellaeota (relative abun-
dance <1%). Similar relative abundance trends are observed be-
tween soil samples (at RO) and soil samples (at R2) regardless of

the retting condition (field and pilot unit). Slight variations are
then observed for Proteobacteria, Actinobacteriota, and Firmicutes
from 42.9% (RO) to 57.7% at R2, 26.3% (RO) to 16.2% (R2) and
2.8% (RO) to 1.9% (R2) respectively. Bacteroidota, Acidobacteriota,
Myxococcota, Gemmatimonadota, and Nitrospirota remain stable
during retting at approximately 14%, 5%, 2%, 2%, and 1%, respec-
tively, highlighting their persistent presence regardless of retting
progression.
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To examine the evolution in bacterial communities at a more
specific level (genus level), a heatmap representing the top 10
bacterial ASV identified in stems from field and pilot unit sam-
ples is given in Figure 3.

The heatmap reveals that during retting, the most dominant bac-
terial genera are Pantoae, Pseudomonas (Gammaproteobacteria
class), Sphingomonas, Methylobacterium, and Rhizobium
(Alphaproteobacteria class). These genera displayed distinct
temporal patterns likely linked to their ecological niches and
functional roles in fibre degradation.

Pseudomonas and Pantoea genera are observed to increase at
R1, then decrease at R2, and are observed in lower amounts
until the end of retting (R6). On the other hand, Sphingomonas
and Rhizobium genera increase at R2 and continue to increase
until the end of retting (R6). The Methylobacterium genus has
a high abundance at the beginning of retting (R0-R1), then de-
creases at R2 and remains present at a constant rate until the
end of retting (R6). These distinct temporal trajectories support
the idea of functional succession during retting, where early col-
onisers (e.g., Pseudomonas, Pantoea) pave the way for later, more
specialised taxa (e.g., Sphingomonas, Rhizobium), enabling effi-
cient plant matter breakdown and microbiome stabilisation over
time. This dynamic community restructuring appears consis-
tent across both field and pilot unit conditions.

3.3.2 | Fungal Community Structure
Figure 4 displays the fungal communities at the phylum level

for stem and soil samples (field and pilot unit). As for bacterial
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phyla, the relative abundances of fungal phyla on the surface of
the stems retted in the field were made by performing the av-
erage of the three swaths (1, 3, and 4). The relative abundances
of fungal phyla and classes in the three distinct swaths are also
performed (Figure S11). As for bacterial samples, an evolution in
the fungal structure throughout retting is observed.

Two phyla are identified for hemp stem samples retted in the
field and within the pilot unit: Ascomycota and Basidiomycota.
Ascomycota dominates during the 6 weeks of retting, and its rel-
ative abundance increased from 51.0% at RO to 80.0% =+ 6% (field)
and 89.4% (pilot unit) at R6. In contrast, Basidiomycota relative
abundance values decrease during retting from 47.8% at RO to
14.7% + 2% (field) and 2.9% (pilot unit) at R6.

More fungal phyla are identified in the soil samples (field and
pilot unit) than in the stem samples. Seven phyla are present
in soil field samples with four major phyla (relative abundance
>1%): Ascomycota, Basidiomycota, Mucoromycota (formerly
Zygomycota), and Chytridiomycota. Rare phyla, present only
in soil samples at a low abundance (<0.2%), are identified
for the first time during the hemp retting process, such as
Blastocladiomycota, Zoopagomycota (found in both soils from
the field and the pilot unit), and Olpidiomycota (found only in
the soil from the field).

A slight increase of Ascomycota during retting from 71.0% at RO
to 76.9% at R4 and a decrease of Basidiomycota relative abun-
dance from 6.4% at RO to 3.6% at R4 are observed. The relative
abundance values of Mucoromycota and Chytridiomycota also
decrease during retting from 4.7% and 3.0% at RO to 2.4% and
0.8% at R4, respectively.

Acidobacteriota
Actinobacteriota
Bacteroidota
Bdellovibrionota
I Desulfobacterota-B
Entotheonellaeota
Firmicutes
I Gemmatimonadota
[ Myxococcota
Nitrospirota
Proteobacteria
I RCP2-54
Eukaryota_phylum
Unassigned
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Week of retting
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FIGURE3 |

Field Pilot-unit

Soil samples

Bacterial relative abundance at phylum level in unretted and retted stem and soil samples in field and pilot unit over the retting peri-

od. RO: Unretted samples, R1, R2, R3, R4, and R6 correspond to retted samples after 1, 2, 3, 4, and 6 weeks of retting.
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For pilot unit retting, the relative abundance values of Ascomycota
vary from 61.9% at RO to 58.8% at R2. A decrease in Basidiomycota
relative abundance values from 2.6% at RO to 1.6% at R2 is ob-
served. The relative abundance values of Mucoromycota and
Chytridiomycota also decrease from 9.0% and 1.1% at RO to 3.4%
and 0.8% at R2, respectively.

A heatmap (Figure 5) represents the top 10 fungal ASV in stem
field and pilot unit samples, indicating a higher diversity of

fungal genera compared to bacterial genera (5 bacterial dominant
genera). Lectera, Plectosphaerellaceae_genus (Sordariomycetes
class), Tilletiopsis (Exobasidiomycetes class), Didymosphaeria,
Aureobasidium, Phoma, and Cladosporium (Dothideomycetes class),
Vishniacogyma, and Filobasidiaceae_genus (Tremellomycetes class)
are identified as the most dominant fungal genera during retting.
Throughout different retting weeks and under the two different
retting conditions (field and pilot unit), the genus Cladosporium
exhibits important dominance over all other fungal genera.
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ASV name Phylum Class Order Family Genus Species
1 Proteobacteria Rhizobiales Beijerinckiaceae Methylobacterium Methylobacterium_species
2 Proteobacteria Rhizobiales Beijerinckiaceae Methylobacterium Methylobacterium_species
3 Proteobacteria Rhizobiales Beijerinckiaceae Methylobacterium Methylobacterium_sp010692745
4 Proteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas Sphingomonas_species
5 Proteobacteria Rhizobiales Rhizobiaceae b Allo-Neo-Para-Rhizobium_species
6 Proteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas Sphingomonas_species
7 Proteobacteria Gammaproteobacteria Enterobacterales Erwiniaceae Pantoea Pantoea_agglomerans
8 Proteobacteria Gammaproteobacteria Enterobacterales Erwiniaceae Pantoea Curtobacterium_plantarum
9 Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas Pseudomonas_species
10 Proteobacteria h Sphingomonadales Sphingomonadaceae Sphingomonas Sphingomonas_species
FIGURE4 | Heatmap of the relative abundance of the top 10 ASV of bacteria in stem field and pilot unit samples. S1-F: Swath 1 retted in the field,

S3-F: Swath 3 retted in the field, S4-F: Swath 4 retted in the field, and S-PU: Swath retted in the pilot unit. ASV are arranged in ascending order of

abundance, ranging from the least abundant (1) to the most abundant (10).
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The findings seem to exhibit that the Lectera genus displays
an increase in abundance towards the end of retting (R4-R6).
Plectosphaerellaceae genus, Didymosphaeria, Aureobasidium,
and Phoma exhibit a fluctuating trend during retting. The
Vishniacozyma genus increases at R1, followed by a stable trend
until the end of retting (R6). Filobasidiaceae genus decreases at
R3 and then remains stable until the end of retting (R6). In con-
trast, the Cladosporium genus shows a notable increase at R1 and
then remains stable until the end of retting (R6). On the other
hand, Tilletiopsis decreases at R1 and continues to decline until
the end of retting (R6).

After studying the structure and diversity of both retting bac-
terial and fungal communities, the functional potential will
be assessed. These microbial communities play crucial roles
during the retting process through the production of specific
plant cell wall degrading enzymes. The prediction and mea-
surement of the enzymatic activities over the retting period
provide key insights into the active biological processes of
retting.

3.4 | Prediction of Potential Bacterial Enzymatic
Activities

The efficiency of hemp field retting is closely linked to microbial
enzymatic degradation of plant cell wall polymers, particularly
through hydrolytic enzymes targeting cellulose, hemicellulose,
and pectin. The PICRUSt software was used to predict bacte-
rial Carbohydrate Active Enzyme (CAZy) families (Djemiel
et al. 2022) potentially involved in cell wall polymer degrada-
tion during field retting. Enzyme profiles were predicted for
three retted swaths (swaths 1, 3, and 4), with the average en-
zyme distribution shown in Figure 6. Notably, the predicted
enzymatic activities exhibited significant similarities across the

swaths, as illustrated in the corresponding heatmaps presented
in Figure S12, suggesting a functionally consistent bacterial com-
munity despite spatial variation.

These results provide indirect but valuable insight into the meta-
bolic potential of the retting microbiome, particularly regarding
its ability to drive lignocellulosic matter decomposition through
coordinated enzymatic activity.

Figure 6 illustrates a diverse set of predicted enzymes (Table S15)
involved in the degradation of plant cell wall polysaccharides,
including cellulose, hemicelluloses, and pectins. In total, 14
CAZy families targeting pectins (Figure 6D), 12 targeting hemi-
celluloses (Figure 6C), and three targeting cellulose polymers
are identified (Figure 6B).

During retting, the three hydrolytic enzyme potentials of cellu-
lolytic enzymes exhibit distinct trends. The most important ac-
tivity is observed for EC:3.2.1.21 (3-glucosidase enzyme), which
displays an increasing activity from 1 to 6 weeks of retting. On
the other hand, EC:3.2.1.4 (cellulase) increases after R2 and
then decreases after R4 and until the end of retting. EC:3.2.1.91
(cellobiohydrolase) shows the lowest activity compared to other
cellulolytic enzymes.

The hydrolytic enzyme potential of hemicellulolytic enzymes
exhibits different levels of activity at different weeks of retting.
The most important hemicellulolytic enzymatic activities are
EC:3.2.1.23 ($3-galactosidase) and EC:3.2.1.51 (a-L-fucosidase).
Most enzyme activities, such as EC:3.2.1.23 (3-galactosidase),
EC:3.2.1.177 (a-D-xyloside xylohydrolase), EC:3.2.1.25 (§-
mannosidase), EC:3.2.1.139 (a-glucuronidase), EC:3.2.1.55 (a-L-
arabinofuranosidase), and EC:3.2.1.51 (a-L-fucosidase) decrease
at R1 and then increase after 2weeks of retting (R2), with the
highest activity observed in the later stages (R4-R6).
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ASV name  Phylum Class Order Family Genus Species
1 Ascomycota = Sordariomycetes Glomerellales Plectosphaerellaceae Lectera Lectera_colletotrichoides
2 Basidiomycota Exobasidiomycetes Entylomatales Entylomatales_family Tilletiopsis Tilletiopsis_washingtonensis
3 Ascomycota ~Dothideomycetes Pleosporales Didymosphaeriaceae Didymosphaeria Didymosphaeria_variabile
4 Ascomycota Dothideomycetes Dothideales Saccotheciaceae Aureobasidium Aureobasidium_species
5 Basidiomycota Tremellomycetes Tremellales  Bulleribasidiaceae Vishniacozyma Vishniacozyma_victoriae
6 Basidiomycota Tremellomycetes Filobasidiales Filobasidiaceae Filobasidiaceae_genus Filobasidiaceae_species
7 Fungi_phylum  Fungi_class Fungi_order Fungi_family Fungi_genus Fungi_species
8 Ascomycota | Sordariomycetes Glomerellales Plectosphaerellaceae Plectosphaerellaceae_genus Plectosphaerellaceae_species
9 Ascomycota  Dothideomycetes Pleosporales Didymellaceae Phoma Phoma_species
10 Ascomycota ~Dothideomycetes Cladosporiales  Cladosporiaceae Cladosporium Cladosporium_iridis
FIGURE 6 | Heatmap of the relative abundance of the top 10 ASV of fungi in stem field and pilot unit samples. S1-F: Swath 1 retted in the field,

S3-F: Swath 3 retted in the field, S4-F: Swath 4 retted in the field, and S-PU: Swath retted in the pilot unit. ASV are arranged in ascending order of
abundance, ranging from the least abundant (1) to the most abundant (10).
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The hydrolytic enzyme potential of pectinolytic enzymes ex-
hibits also different levels of activity at different weeks of ret-
ting. The most important pectinolytic activity during retting is
observed for EC:3.2.1.23 (-galactosidase). Enzyme activities
such as EC:3.2.1.37 (xylan 1,4--xylosidase), EC:3.2.1.55 (a-L-
arabinofuranosidase), and EC:3.2.1.23 ($3-galactosidase) show a
decreasing activity at R1 and then a general trend of increasing ac-
tivity after 2weeks (R2) and until the end of retting. For the other
pectinolytic enzymes, a fluctuating activity is observed during the
different weeks of retting, possibly due to microbial competition,
enzymatic redundancy, or stage-specific substrate preferences.

3.5 | Evolution of Enzyme Expression During
Retting

To complement the predictions made by the PICRUSt tool,
potential hydrolytic (polygalacturonase, f#-xylosidase, f3-
galactosidase, B-D-glucosidase, and cellobiose hydrolase) and
oxidative (peroxidase, and phenoloxidase) enzymatic activities
were directly measured during peeled outer stem tissue under-
going retting. The results of these enzymatic assays are pre-
sented in Figure 7.

Polygalacturonases, a key enzyme involved in pectin degrada-
tion, exhibit the highest activity during the early stage of ret-
ting (R1) followed by a progressive decline in activity in later
stages (R6) (Figure 7A). This pattern aligns with the early de-
polymerization of middle lamellae pectin, facilitating the ini-
tial separation of plant fibres. In contrast, 3-xylosidases and
3-galactosidases, both of which contribute to the breakdown of
hemicellulose, show increased activity after 4weeks of retting.
This suggests that hemicellulose becomes more accessible in the
mid-phase of fibre decomposition.

Cellulolytic enzymes, including@-D-glucosidases and cellobiose
hydrolases, displayed the highest activity towards the final stages
of the retting process (Figure 7B). These results support a tri-
phasic model of retting: an initial phase characterised by pectin
breakdown, a mid-stage dominated by hemicellulose cleavage,
and a late stage involving cellulose degradation, each phase as-
sociated with specific enzymatic activities and characteristic mi-
crobial actors.

Enzymes involved in degradation of lignin/phenolics, specif-
ically peroxidases and phenoloxidases, exhibited their highest
activity during the first week of retting (R1) (Figure 7C). This
early oxidative activity may play a role in lignin breakdown,
helping to open up the fibre structure and prepare it for the ac-
tion of the hydrolytic enzyme.

Table S16 provides statistical validation of the enzyme dynamics
during retting. Peroxidase activity is significantly higher at RO
compared to R1, R4, and R6, while phenoloxidase activity is sig-
nificantly elevated in RO and R1 relative to R4 and R6. However,
no significant difference is observed in the activities of cellobiose
hydrolase, 3-xylosidase, 3-glucosidase, and 3-galactosidase across
the different stages of retting. These results highlight the distinct
temporal pattern of enzyme activity during retting. Peroxidase
activity is highest at the initial stage of retting and decreases at
later stages, while phenoloxidase activity decreases during the

retting period. In contrast, the activity of the other enzymes does
not vary significantly during retting. These results underline the
importance of oxidative enzymes in the early phase of retting and
suggest a more temporally sustained role for hydrolytic enzymes.

PICRUSt results reveal the presence of polygalacturonase
(EC:3.2.1.15), fB-xylosidase (EC:3.2.1.37), #3-galactosidase
(EC:3.2.1.23), $3-glucosidase (EC:3.2.1.21) and cellobiose hy-
drolase (EC:3.2.1.91) enzymes. According to PICRUSt results,
a low enzyme activity for polygalacturonase compared to the
other pectinolytic enzymes is noted during retting. It displays
a decreasing activity at R1, then an increase at R2, and finally a
decreasing activity at R6. 3-xylosidase, 3-galactosidase, and 3-
glucosidase enzymes show a decreasing activity at R1, followed
by an increased activity at R2 and until the end of retting. The
same trend of evolution was observed for cellobiose hydrolase
but shows a decreasing activity at R4.

4 | Discussion
4.1 | Retting Microbial Diversity

The evolution of the diversity of bacterial and fungal communi-
ties in the soil (field and pilot-unit) during retting is similar for
both the field and the pilot unit. Moreover, no difference was ob-
served in the bacterial and fungal community diversity of stem
samples between field retting and pilot unit retting. Thus, in the
context of our work, this first result makes it possible to elimi-
nate the effect of soil diversity on stem-associated microbial as-
semblages, at least in terms of diversity indices.

It has been reported that plants are the main factors deter-
mining the structure of soil microbial communities (Garbeva
et al. 2006). Nowadays, the investigation of the relationships be-
tween plant diversity and soil microbial communities is increas-
ing (Ke et al. 2015; Garbeva et al. 2006). In our work, common
bacterial and fungal ASV were observed between soil and stem
samples (Figure 8), pointing to a likely overlap and microbial
exchange between these compartments.

During the retting process, it is probable that complex relation-
ships between the microbial communities on the stems and those
in the soil mediate the temporal dynamics of microbial diversity
of stems. Hemp plants are part of the lignocellulosic biomass,
which represents a complex ecosystem to be degraded by micro-
organisms. Thus, different microbial populations, particularly
hemicellulolytic and cellulolytic ones (Ventorino et al. 2015), are
present during the retting process, as it has been highlighted in
our work. This implies that the decomposition of stems during
retting leads to changes in microbial diversity within the soil.
These changes result in the supply of organic substrates enter-
ing the soil, thereby promoting microbial diversity in the soil
and interactions with plant microorganisms. Over two-thirds
of organic matter is refilled to the soil during hemp field retting
(Adesina et al. 2020). Hence, it is highly probable that retting in-
duces changes in the composition and structure of the stem and
soil microbial community. Thus, retting appears to induce a bi-
directional influence on microbial communities, simultaneously
reshaping both stem and soil microbiota via substrate availability
and microbial interactions.
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FIGURE 7 | Heatmaps of predicted bacterial hydrolytic enzymes present in hemp field stem samples and generated by PICRUSt software. (A)
Predicted cellulolytic, hemicellulolytic, and pectinolytic enzymes; (B) predicted cellulolytic enzymes; (C) predicted hemicellulolytic enzymes, and
(D) predicted pectinolytic enzymes. Enzyme predictions are colour-coded based on their raw abundance: The transition from blue through white to
red reflects an increasing scale of enzyme occurrence from the lowest to the highest occurrence.

The results of beta diversity analysis may suggest that the fun- The observed low percentage of the common fungal ASVs
gal communities in the soil samples from the field and the pilot fraction within both soils (in the field and the pilot unit)
unit may have some differences in the microbial composition. could be due to the taxonomic composition or differences in
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FIGURE 8 | Enzymatic activities associated with hemp stems during field-retting (A) polygalacturonase (umol/gMS/h), 8-xylosidase, and 8-
galactosidase (nMol/gMS/h); (B) cellobiose hydrolase and $3-glucosidase (nMol/gMS/h); (C) phenoloxidase and peroxidase (nMol/gMS/h).

relative abundances of microbial groups. It can be suggested communities. Considering the influence of abiotic and biotic
that differences in the physicochemical properties of the two  factors on soil microbiomes (Ware et al. 2021), it is probable
different soil samples may impact the structure of the fungal  that these factors contribute to the observed differences in our
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study. The observed low percentage of the common fungal
ASVs fraction within both soils (in the field and the pilot unit)
could be due to the taxonomic composition or differences in
relative abundances of microbial groups.

The analysis of bacterial and fungal communities in stem sam-
ples from the field and pilot unit reveals a high percentage of
common ASVs for bacteria and fungi, demonstrating significant
microbial community similarity between the two retting condi-
tions. These findings align with the microbial diversity patterns
observed in field-grown hemp, where significant variations in
bacterial and fungal community structures were detected across
different compartments and fields (Ahmed et al. 2021). This
emphasises the influence of environmental conditions, such as
retting stages and hemp field diversity, on microbial community
composition and dynamics (Ahmed et al. 2021; Dumigan and
Deyholos 2024; Bou Orm et al. 2023).

4.2 | Retting Microbial Structure
4.2.1 | Bacterial Community Structure

It should be noted that comparisons between the microbial
communities identified in our study and those in other studies
should be taken with caution due to the significant differences
in ASV identification methods and taxonomic assignment data-
bases employed.

Bacterial phyla such as Proteobacteria, Bacteroidota,
Actinobacteriota, and Firmicutes identified in this study
have been previously identified during retting of different
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fibrous plants (jute, flax, hemp, and bamboo) (Munshi and
Chattoo 2008; Fu et al. 2011; Ribeiro et al. 2015; Zhao et al. 2016;
Djemiel et al. 2017; Liu et al. 2017; Chabbert et al. 2020; Hasan
et al. 2020; Law et al. 2020). Their presence across different fibre
degradation environments supports the idea of a conserved core
microbiome functionally adapted to lignocellulose decomposi-
tion. In addition, these phyla have been found during the degra-
dation of different lignocellulosic biomass in natural conditions
(Schellenberger et al. 2010; Ventorino et al. 2015). Proteobacteria,
Actinobacteriota, and Firmicutes are known as hemicellulose
degradation populations (Wang et al. 2016; Gavande et al. 2021)
and have been identified as the major ones in lignin degrada-
tion within tropical forest soils (DeAngelis et al. 2011; Woo
et al. 2014). Proteobacteria are specifically known for their
ability to secrete specific pectin-degrading enzymes (Ivanova
et al. 2016; Liu et al. 2017), while it has been reported that the
Bacteroidota phylum can degrade cellulose from plant material
(Wang et al. 2016; Herndndez et al. 2022).

These observations suggest that the bacterial community during
retting is not only taxonomically conserved across systems but
also functionally structured to match the sequential breakdown
of plant polymers.

The decrease in the relative abundance of Proteobacteria in stem
samples at the expense of an increase in Bacteroidota during ret-
ting (from R2 to R6) has been previously demonstrated during
field retting of flax (Djemiel et al. 2017) and during hemp retting,
which has been performed in a controlled environment (Law
et al. 2020). In this context, the changes in the relative abun-
dance of Bacteroidota versus Proteobacteria could serve as a bio-
indicator for retting progress. The transition from Proteobacteria
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to Bacteroidota dominance parallels the enzymatic shift from
pectin degradation (early stage) to hemicellulose and cellulose
breakdown (late stage), suggesting that taxonomic succession is
functionally orchestrated (Bou Orm et al. 2024b).

Other phyla that have been observed only within soil samples
such as Acidobacteriota, Gemmatimonadota, and Nitrospirota
have also recently been observed during flax and hemp retting
in soil and stem samples (Djemiel et al. 2017; Law et al. 2020).
Acidobacteria is known for its ability to degrade various plant
compounds such as cellulose, hemicellulose, pectin, and lig-
nin, indicating its potential importance in plant biomass deg-
radation (DeAngelis et al. 2011; Stursova et al. 2012; Lacerda
et al. 2017; Lopez-Mondéjar et al. 2022). Gemmatimonadota is
considered crucial for deconstructing biomass and can break
down hemicellulose and cellulose (D'haeseleer et al. 2013),
as well as playing a role in lignin deconstruction (D'haeseleer
et al. 2013; Li et al. 2022; Tom et al. 2022). Similarly, Nitrospirota
is also involved in lignin degradation (Li et al. 2022). These re-
sults highlight the potential for previously unknown bacterial
communities to play an essential role in the degradation of plant
biomass and the importance of exploring the microbial diversity
present in the soil during the retting process.

Rare bacterial phyla such as Bdellovibrionota, Desulfobacterota,
Entotheonellaeota, and Myxococcota are identified for the first
time during the retting process.

A recent investigation of the microbial communities in cellulo-
lytic consortia isolated from lignocellulosic substrates reveals the
presence of both phyla Bdellovibrionota and Myxococcota (Wang
etal. 2021a; Gladkov et al. 2022). In addition, another study exhibits
a positive correlation between Bdellovibrionota and Myxococcota
and the p-glucosidase enzyme, which is involved in cellulose deg-
radation (Ma et al. 2022). The consortium Desulfobacterota and
Mpyxococcota has been identified to play a role in lignin degrada-
tion (Li et al. 2022). Furthermore, Myxococcota can degrade hemi-
cellulose by secreting glycosyl hydrolase enzyme (Murphy et al.
2021; Gladkov et al. 2022). The Entotheonellaeota phylum has been
detected during composting processes that involve the decom-
position of organic matter, including lipids, cellulose, and lignin
(Araujo et al. 2021). Although these phyla may not be considered
as retting agents, previous studies highlight that rare taxa can play
a significant role in ecosystem functions, even if their contribu-
tions are less understood and more difficult to reveal than those of
more abundant taxa (Logares et al. 2013; Shade et al. 2014; Kurm
et al. 2019). In our study, the identification of rare phyla during the
retting process highlights the importance of deepening the roles of
these less well-understood taxa in the retting ecosystem process.
In addition, the presence of phyla known for their ability to de-
grade cellulose, hemicellulose, pectin, and lignin further empha-
sises the significance of bacterial communities in retting.

Concerning the bacterial genera identified during retting, the
Pantoea genus has previously been identified during the retting of
flax and hemp (Ribeiro et al. 2015; Djemiel et al. 2017). It has been
reported to possess a significant capacity for lignocellulose degra-
dation (Ma et al. 2018). It has been demonstrated that the Pantoea
genus contains genes that encode carbohydrate-active enzymes
(CAZymes), which are primarily active on hemicellulose and sim-
pler sugars (Adams et al. 2011). Pantoea species are also capable of

producing pectinase (Feng et al. 2016), polygalacturonase (Rafique
et al. 2016), and pectin/pectate lyase (Khalaf and Raizada 2020),
thereby facilitating pectin degradation. Furthermore, they exhibit
lignin degradation activities (Tao et al. 2022).

Pseudomonas genus has been previously associated with flax
and hemp retting (Ribeiro et al. 2015; Djemiel et al. 2017; Liu
et al. 2017; Law et al. 2020). Pseudomonas species are known
to secrete enzymes that degrade plant cell walls, such as pecti-
nases, cellulases, and proteases (Munshi and Chattoo 2008; Tao
et al. 2022). Due to their pectinolytic and hemicellulolytic ac-
tivities, Pseudomonas species are considered important natural
retting agents for hemp stems (Liu et al. 2017; Law et al. 2020;
Balthazar et al. 2022; Tao et al. 2022; Zhang et al. 2023).

The Sphingomonas genus has previously been detected during
the retting process of flax, hemp, and bamboo (Fu et al. 2011;
Ribeiro et al. 2015; Djemiel et al. 2017). This genus is recognised
as one of the hemicellulolytic genera and can break down ligno-
cellulosic material (Pandit et al. 2016; Tao et al. 2022).

The Rhizobium genus has been linked to flax and hemp retting
in prior research (Ribeiro et al. 2015; Djemiel et al. 2017; Liu
et al. 2017) and is one of the bacteria able to degrade lignocel-
lulose (Zainudin et al. 2013; Tao et al. 2022). The dominance of
taxa such as Sphingomonas and Rhizobium during periods of in-
creased hemicellulolytic enzyme activity further supports their
potential functional role in the retting process. These genera
may serve as bioindicators for optimal retting stage assessment.

Methylobacterium is recognised as a methylotrophic bacterium
for its ability to use methanol, which is produced during pectin
degradation, as a source of carbon and energy (Renier et al. 2011;
Zhu et al. 2016). This genus has been identified as a cellulolytic
strain (Hu et al. 2014) and is also known for its ability to degrade
lignin (Herndndez et al. 2022).

4.2.2 | Fungal Community Structure

Four phyla among seven fungal phyla: Ascomycota,
Basidiomycota, Chytridiomycota, and Mucoromycota present in
stem and soil samples are associated with hemp and flax retting
(Ribeiro et al. 2015; Djemiel et al. 2017; Liu et al. 2017).

Ascomycota fungi are known for their ability to secrete various
carbohydrate-active enzymes (CAZyme) that are involved in the
degradation of plant biomass (cellulose, hemicellulose, lignin,
and pectin), making them active microorganisms during retting
(Challacombe et al. 2019; Song et al. 2019; Dong et al. 2021). The
pectinolytic activities of Ascomycota species are particularly im-
portant for improving fibre decohesion during retting (Battaglia
et al. 2011; Gacura et al. 2016; Challacombe et al. 2019). On the
other hand, the Basidiomycota phylum is highly effective in de-
grading lignocellulosic material and has a high potential for cel-
lulose degradation (Tian et al. 2010; Battaglia et al. 2011; Rytioja
et al. 2014; Eichlerova et al. 2015; Perkins et al. 2021).

The progressive replacement of the Ascomycota phylum by
Basidiomycota during retting and plant decomposition pro-
cesses has been largely highlighted by different authors
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(Lindahl and Boberg 2008; Voriskova and Baldrian 2013;
Purahong et al. 2016; Djemiel et al. 2017). During retting, the
challenge is to avoid the fibres crystalline cellulose being dam-
aged as the mechanical properties of fibres could be greatly
reduced (Mazian et al. 2018; Bou Orm et al. 2024b). Therefore,
analysing the fungal community and the changes in the rela-
tive abundance of Ascomycota and Basidiomycota could serve
as a secondary bioindicator of retting evolution.

The Mucoromycota fungi are primarily associated with plants
and saprotrophic species (Reynolds et al. 2023). While they are
not actively involved in the degradation of lignocellulosic ma-
terials, as they have limited cellulase production (Dzurendova
et al. 2022), they do produce pectinolytic (Alves et al. 2002;
Dzurendova et al. 2022) and ligninolytic enzymes (Perkins
et al. 2021; Reynolds et al. 2023). In contrast, Chytridiomycota
can decompose lignocellulose materials (Song et al. 2019;
Reynolds et al. 2023).

About rare phyla, Blastocladiomycota (0.02% in field and 0.16%
in pilot-unit) has the potential to produce a limited number
of carbohydrate-active enzymes (CAZymes) and cellulolytic
enzymes (Sista Kameshwar and Qin 2019). Zoopagomycota
(0.13% in field and pilot-unit) which are known as parasites of
fungi, could also produce a limited number of CAZymes such
as ligninolytic and cellulolytic enzymes (Sista Kameshwar
and Qin 2019). On the other hand, Olpidiomycota (0.05% in
field) are capable of decomposing plant residuals (Zhang
et al. 2019).

Concerning the fungal genera identified during retting, only
Aureobasidium, Phoma, and Cladosporium genera have been
previously identified during flax and hemp retting (Sharma 1986;
Koivula et al. 2004; Ribeiro et al. 2015), for contributing to
lignocellulose degradation (Senthilguru et al. 2011; Bredon
et al. 2018; Ma et al. 2018). Lectera and Plectosphaerellaceae gen-
era are typically plant pathogens and soil fungal communities
(Giraldo and Crous 2019; Liu et al. 2019; Wang et al. 2021b). The
Tilletiopsis genus can produce exo- and endo-{3-1,3-glucanase
(Urquhart and Punja 2002). Some species are dominant during
agricultural waste composting and enable the production of
microbial fat from lignocellulose (Yu et al. 2015; Li et al. 2011).
The Didymosphaeria genus is involved in lignin degradation
(Arredondo-Santoyo et al. 2020). The Vishniacozyma genus
is involved in lignocellulose degradation (Zhou et al. 2022).
Some Filobasidiaceae species can generate pectinases (Merin
et al. 2014). Several Cladosporium species are known to pro-
duce various lignocellulolytic enzymes, including cellulases
(Mushimiyimana and Tallapragada 2013), ligninases, and xy-
lanases (Ji et al. 2014). Overall, these results provide deep in-
sights for the understanding of actively lignocellulose-degrading
fungi in the retting process.

4.2.3 | Towards Biomarker Identification

The retting process is influenced by various factors, including
plant species, geographical locations, and climate conditions,
affecting the microbial communities present during retting
(Réquilé et al. 2021; Angulu and Gusovius 2024). However,
our study highlights common bacterial (Proteobacteria,

Actinobacteriota, Bacteroidota, and Firmicutes) and fungal
(Ascomycota and Basidiomycota) taxa present during retting, re-
gardless of the plant species or soil characteristics.

Proteobacteria’'s dominance during early retting stages under-
scores their role as primary decomposers, secreting pectin-
degrading enzymes such as polygalacturonase. The subsequent
increase in Bacteroidota relative abundance reflects a shift to-
wards hemicellulose and cellulose degradation, highlighting
their importance in later stages of retting. Similarly, fungal
communities were dominated by Ascomycota throughout ret-
ting, indicating their specialisation in degrading lignocellulosic
substrates.

The dynamics of microbial communities during the retting
process can serve as bioindicators for tracking the progres-
sion of retting. Monitoring the relative abundance of bacterial
(Bacteroidota vs. Proteobacteria) and fungal (Ascomycota vs.
Basidiomycota) phyla changes suggests two potential bioindica-
tors of the retting process.

To summarise, by gaining a better understanding of how these
microorganisms evolve during retting, the process can be op-
timised and controlled. In addition, the similarities between
the retting microbiome and microbial communities involved
in natural plant decomposition suggest the significance of fur-
ther exploration and understanding of the microbial commu-
nities involved in retting.

4.3 | Retting Predicted Enzymatic Activities

While the PICRUST software can provide valuable insights into
the potential functional capabilities of bacterial communities
based on their 16S rRNA gene profiles, different limitations to
using this approach should be noted. These limitations include
(i) the completeness and quality of the reference genome data-
base, (ii) the assumption that the genetic potential of a microbial
community can be inferred solely from its taxonomic compo-
sition, and (iii) the potential mismatch between the predicted
enzymatic potential and the actual enzymatic activity (Langille
et al. 2013; Djemiel et al. 2017; Douglas et al. 2019). It is import-
ant to note that the presence of a taxon containing a gene encod-
ing a specific enzyme in its genome does not necessarily imply
that: (i) the taxon is alive (PCR amplification can also occur in
dead organisms), (ii) it expresses the gene and produces the pro-
tein, (iii) the enzyme is active, (iv) the substrate of the enzyme is
available. Overall, the accuracy and reliability of PICRUSt pre-
dictions should be carefully evaluated, especially when dealing
with complex microbial communities (as for retting) or environ-
ments with low microbial diversity (Langille et al. 2013; Louca
et al. 2018). Future studies should validate these predictions
using functional assays to identify active microbial populations
and their corresponding enzymes. In addition, exploring abiotic
factors such as temperature and moisture could provide a more
comprehensive understanding of how environmental conditions
shape microbial dynamics during retting.

In our work, we observed a clear succession of potential enzy-
matic activities that correspond to shifts in the bacterial commu-
nity during retting. Specifically, the dynamic profile of hydrolytic
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enzyme activities during retting suggests that different bacterial
taxa contribute to distinct phases of fibre degradation. Thus,
these observations highlight the dynamic nature of the retting
process and may help in understanding and improving retting.

Fungi are important producers of extracellular hydrolytic enzymes
that can break down various components of cell wall polymers,
including cellulose, hemicellulose, and pectin (Aro et al. 2005;
Djemiel et al. 2017). Studying the enzymatic activities of fungi
would be an important addition to bacterial retting analysis.

4.4 | Retting Enzymatic Activities

The analysis of retting enzyme activity indicates that poly-
galacturonases exhibit peak activity during the early retting
stages, followed by a decline in activity in later stages. This
could indicate that pectin degradation is an early step in the ret-
ting process. This aligns with the predominance of pectinolytic
bacteria such as Pseudomonas in early retting. In contrast, f3-
xylosidases and f3-galactosidases show increased activity after
4weeks, suggesting that hemicellulose breakdown is slower
than pectin degradation during retting, corresponding with
the rise of bacterial taxa capable of hemicellulose hydrolysis,
such as Sphingomonas. Cellulolytic enzyme activity peaks at
the later retting stages, reinforcing cellulose degradation as the
final step, coinciding with the emergence of cellulolytic bacteria
such as Methylobacterium. This sequential enzymatic progres-
sion suggests a structured microbial succession driven by ana-
tomical organisation of polysaccharides in the stem and fibre
chemical complexity. These findings reinforce the potential to
manage retting duration and quality through monitoring of key
microbial and enzymatic indicators. In addition, these find-
ings align with previous studies on flax dew retting (Chabbert
et al. 2020; Mukherjee et al. 2024), and hemp dew retting (Liu
et al. 2017; Bleuze et al. 2018), which also report a stepwise in-
crease in enzymatic activity over time. Among cell wall compo-
nents, cellulose exhibits the highest resistance to degradation
due to its crystalline structure (Lynd et al. 2002), while pectin
and hemicellulose degrade more readily due to amorphous na-
ture and lower degree of polymerisation (Gilbert 2010). Lignin,
with its complex cross-linked structure, presents additional
degradation challenges (Ralph et al. 2004).

Taken together, these results support a temporally regulated
enzyme-mediated retting process, where distinct enzymatic activ-
ities target specific plant cell wall components at different stages.

Metagenomic analysis confirms the presence of a diverse mi-
crobial community with enzymatic potential, aligning with
observed enzyme activity trends and providing insight into mi-
crobiome- regulated retting dynamics.

While microbial enzymes predominantly drive retting, early-
stage enzymatic activity may also involve plant-derived en-
zymes (Bleuze et al. 2018; Chabbert et al. 2020). Some plants
have been found to exhibit continued metabolic activity even
after harvest, which is often attributed to the presence of bio-
chemically active plant enzymes (Moser 1995). Factors such as
plant species, temperature, and humidity influence enzyme lon-
gevity, with endogenous plant enzymes, such as proteases and

peroxidases, potentially contributing to early tissue degradation
(Foyer and Noctor 2005; Li et al. 2019). Recent metaproteomic
studies on flax dew retting further reveal that enzymes like ga-
lactosidases (GH35) and pectin esterases (CE8, CE13) remain
active throughout retting (Mukherjee et al. 2024). This under-
scores the need for cautious interpretation of overall enzyme
activity measurements.

It should be noted that both potential enzyme dynamics and
measured enzyme activities display some similar trends with
a time shift between the predicted and the measured enzyme
activities. This temporal shift may reflect differences between
genetic potential and actual microbial activity, highlighting
the need for integrative approaches that combine functional
advanced meta-omics techniques (metaproteomics, meta-
transcriptomics, and meta-metabolomics) with enzyme assays.

5 | Conclusion

Considering the increasing demand for environmentally
friendly fibres, it is becoming imperative to develop sustainable
production systems that meet evolving environmental regula-
tions. Therefore, understanding the retting process is crucial, as
it significantly influences fibre quality and properties.

The convergence across swaths and retting stage, combined with
relatively stable diversity metrics, suggests that retting drives a
deterministic microbial succession. This succession aligns with
the biochemical structure of the hemp cell wall and the sequen-
tial enzymatic degradation observed, supporting a structured,
phase-specific microbial colonisation. The bacterial and fungal
communities appear to transition from pectin-degraders in early
stages to more specialised cellulolytic taxa, reflecting the struc-
tural composition of hemp tissues at each retting phase.

These results suggest specific bacterial and fungal taxa could
serve as bioindicators to monitor retting progression.

Future research should explore metagenomics and metapro-
teomics to validate microbial functions, identify unknown en-
zymes, and gain a deeper understanding of retting-associated
interactions. A multimodal approach combining chemical, bio-
chemical, molecular biology, and physicochemical methods can
provide valuable insights about the different factors contributing
to the changes occurring during field retting. This could poten-
tially lead to a better understanding and more efficient manage-
ment of the retting process, ultimately reducing the variability
of hemp fibres.
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